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Abstract: The aim of this study was to examine the effect of positively charged (amine-modified) and
negatively charged (carboxyl-modified) polystyrene nanoplastics (PS NPs) on the nanostructural,
nanomechanical, and antioxidant responses of the marine diatom Cylindrotheca closterium. The results
showed that both types of PS NPs, regardless of surface charge, significantly inhibited the growth of
C. closterium during short-term exposure (3 and 4 days). However, longer exposure (14 days) to both
PS NPs types did not significantly inhibit growth, which might be related to the detoxifying effect of
the microalgal extracellular polymers (EPS) and the higher cell abundance per PS NPs concentration.
The exposure of C. closterium to both types of PS NPs at concentrations above the corresponding
concentrations that resulted in a 50% reduction of growth (EC50) demonstrated phytotoxic effects,
mainly due to the excessive production of reactive oxygen species, resulting in increased oxidative
damage to lipids and changes to antioxidant enzyme activities. Diatoms exposed to nanoplastics
also showed a significant decrease in cell wall rigidity, which could make the cells more vulnerable.
Atomic force microscopy images showed that positively charged PS NPs were mainly adsorbed on
the cell surface, while both types of PS NPs were incorporated into the EPS that serves to protect
the cells. Since microalgal EPS are an important food source for phytoplankton grazers and higher
trophic levels, the incorporation of NPs into the EPS and interactions with the cell walls themselves
may pose a major threat to marine microalgae and higher trophic levels and, consequently, to the
health and stability of the marine ecosystem.

Keywords: antioxidant enzymes; atomic force microscopy; Cylindrotheca closterium; extracellular
polymers; growth dynamics; marine diatom; nanomechanical properties; nanostructural properties;
oxidative stress; polystyrene nanoplastics

1. Introduction

Following decades of widespread use and the careless disposal of plastic items, plastic
debris is now ubiquitous on land as well as in freshwater and marine systems [1,2]. More-
over, in a recent study, plastic particles were even detected in human blood samples [3].
Because plastics are resistant to decomposition, as a result of biodegradation, weathering,
and degradation by UV photooxidation [4,5], larger plastic waste undergoes fragmentation
into smaller particles to form mesoplastics, microplastics, and nanoplastics, before being
completely decomposed [6,7]. Polystyrene is one of the most commonly used plastics; it
can persist in the environment for hundreds of years and is often considered a pollutant in
aquatic ecosystems [8–12].
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Over the past few years, research on the potential environmental impacts of nanoplas-
tics has been increasing. However, the ecotoxicological effects of nanoplastics on marine
microalgae have rarely been investigated [13,14]. Microalgae are primary producers that
are frequently used when assessing the effects of toxins in aquatic environments [15]. Al-
though small in size, diatoms (Bacillariophyta) are important primary producers, holding
an essential position at the base of the aquatic food web and accounting for 25–40% of
primary production in the oceans [16–18]. Diatoms can be used as environmental quality
sensors because of their cosmopolitan nature, short life span, and fast response to both
environmental and anthropogenic stress [19–21]. A growth inhibitory effect of nanoplas-
tics was observed in the microalgae Dunaliella tertiolecta when exposed to polystyrene
nanoparticles (PS NPs) (50 nm) [22] and to amine-modified polystyrene nanoparticles (PS-
NH2 NPs) (50 nm) [23], whereas carboxyl-modified polystyrene nanoparticles (PS-COOH
NPs) (40 nm) showed no effect, although PS-COOH NPs were adsorbed on microalgae [23].
Growth inhibition was also observed in other algal species exposed to PS-NH2 [24,25], plain
PS [26–29] and poly(methyl methacrylate) (PMMA) nanoplastics [30]. In addition to the
growth inhibitory effect of nanoplastics, the increased production of reactive oxygen species
(ROS) and a reduction in photosynthetic yield have also been documented [23,31–34]. In-
vestigating the effect of differently functionalized polystyrene nanoparticles (plain PS,
PS-NH2, and PS-COOH) on the green algae Pseudokirchneriella subcapitata and Chlorella vul-
garis, Nolte et al. [34] and Hazeem et al. [26], respectively, showed that positively charged
and neutral PS NPs adhered to the cell wall more strongly than PS NPs that are negatively
charged. Although a small number of recent studies have studied the impact of nanoplas-
tics on microalgae [13,14], these studies were mostly focused on their inhibitory effect on
growth; few studies were on oxidative stress and were less focused on their effects on
diatoms [26,27,29,31,35].

The aim of the present study was to broaden the knowledge on the impact of polystyrene
nanoparticles with opposite surface charges on the adaptation response of the marine di-
atom Cylindrotheca closterium at the population and single-cell level by monitoring growth
inhibition, nanostructural, nanomechanical, and antioxidative response. In addition, the
interaction of nanoplastic particles with released extracellular polymers was characterized.

2. Materials and Methods
2.1. Diatom Culture

The diatom Cylindrotheca closterium (Bacillariophyceae) (CCMP1554) was obtained
from the Culture Collection of the Bigelow Laboratory for Ocean Sciences (East Boothbay,
ME, USA). Diatoms were grown in Erlenmeyer flasks (250 mL) in 100 mL of f/2 medium [36].
Growth medium f/2 was prepared with seawater sampled in the Adriatic Sea (2 km off-
shore the island of Vis (43◦01′00.3” N, 16◦15′48.6” E) at a depth of 25 m) previously
filtered through a cellulose nitrate membrane filter (Whatman, pore size of 0.2 µm; Cy-
tiva, Marlborough, MA, USA). Diatom cultures were cultured in a constant shaking water
bath (20 rpm, temperature 18 ◦C) with a 12:12 light:dark (L:D) cycle and an irradiance of
31 µmol photons m−2 s−1.

2.2. Polystyrene Nanoparticles

Polystyrene nanoparticles, both amine- and carboxyl-modified, were purchased from
Polysciences (Warrington, PA, USA). The original suspensions were in the form of a 10%
(PS-NH2 NPs) and 2.5% (PS-COOH NPs) solid suspension (w/v) in deionized water,
with a small amount of surfactant (<0.05% sodium dodecyl sulfate (SDS)). The nominal
diameters reported by the manufacturer for PS-NH2 and PS-COOH NPs were 51 nm and
49 nm, respectively.

The particle size and zeta-potential of PS NPs suspensions in ultrapure water (UPW)
and filtered natural seawater (FSW, a salinity of 40, pH 8.0, dissolved organic carbon content
(DOC) 0.91 mg C L−1) were measured using dynamic light scattering (DLS), electrophoretic
light scattering (ELS), and atomic force microscopy (AFM). The original suspensions of
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polystyrene nanoparticles were vortexed for 1 min and then diluted with UPW or FSW
to the final concentration of 50 µg mL−1 by magnetic stirring for 30 min. Polystyrene
nanoparticle suspensions were characterized immediately (0 h) and then again after 24 h.
DLS and ELS were conducted using a photon correlator spectrophotometer equipped
with a 532 nm “green” laser (Zetasizer Nano ZS, Malvern Instruments Ltd., Malvern, UK)
and for AFM imaging, a Multimode scanning probe microscope with a Nanoscope IIIa
controller (Bruker, Billerica, MA, USA) was used.

2.3. Exposure Experiment

Diatom monocultures were exposed to selected concentrations of PS-NH2 and PS-
COOH NPs for 14 days in laboratory conditions. Erlenmeyer flasks containing f/2 medium
were inoculated with the exponential growing algal culture (five days old) and spiked with
PS NPs. The concentration range for NPs (both positively and negatively charged) was
selected based on the preliminary experiments, in which EC50 values were determined for
both PS-NH2 and PS-COOH NPs. The highest concentrations for exposure were chosen to
be slightly higher than the corresponding EC50 values. The final concentrations of PS NPs
in cultures were 1.5 µg mL−1, 2.5 µg mL−1, 3.5 µg mL−1, and 5 µg mL−1 for PS-NH2, and
10 µg mL−1, 50 µg mL−1, 100 µg mL−1 and 200 µg mL−1 for PS-COOH NPs. A culture
grown without nanoplastics was considered the control culture. Predicted environmental
concentrations of nanoplastics are in the range from 1 pg L−1 to 15 µg L−1 and are expected
to be higher in environmental compartments where there is some degree of plastic particle
accumulation [37]. As an upper limit for an environmentally relevant concentration of
nanoplastics, a concentration of 250 µg mL−1 was used in other studies investigating the
effects of NPs on microalgae [22,32]. For all tested PS NPs concentrations, an initial cellular
concentration in the culture was ~105 cells mL−1. All cultures were grown in duplicates.

2.4. Growth Inhibition Determination

The algal cell density was counted microscopically, using a light microscope (Olympus
model BX51 with a DP70 digital camera; Olympus, Tokyo, Japan) with a Fuchs-Rosenthal
hemocytometer. For a given period of time, the average specific growth rate (µi–j) and
the percentage of growth inhibition (%I) were calculated according to the following equa-
tions [38]:

µi–j =
ln Nj − ln Ni

tj − ti
d−1 (1)

% I =
µC − µT

µC
× 100 (2)

where µi–j is the average specific growth rate (expressed in units of d−1) from time i to time
j; ti and tj correspond to the times at the beginning and end of the period, respectively;
Ni and Nj are the number of cells per culture volume at times i and j, respectively; % I is
the growth inhibition, expressed as a percentage; µC is the average specific growth rate
of the control group; µT is the specific growth rate for the treatment replicate. Effective
concentrations of PS-NH2 and PS-COOH NPs that resulted in a 50% reduction of growth
(EC50) were calculated by plotting the I value against the logarithm of the nanoplastics
concentration and fitting it to a logistic equation [38].

For statistical analysis, cell density data values as a function of time for different parts
of the exponential growth phase (days 0–3, 0–4, 0–9) were fitted to the following equation:

Nj = Ni eµi–j (tj) (3)

where the obtained fitted specific growth rates µi–j (µ(f)) within the tested time intervals
for the exposed groups and the control groups were compared. The difference in growth
rate between the exposed groups and the control group, if it was greater than ±2 standard
deviations (SD), was considered to be statistically significant.
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2.5. Reactive Oxygen Species (ROS) Determination

ROS levels in algae were measured using a fluorescent probe of dihydroethidium
(DHE) following a modified procedure described by Cvjetko et al. [39], then using a 2′,7′-
dichlorofluorescein diacetate (H2DCFDA) probe following a modified procedure described
by Hong et al. [40]. For both fluorescent probes, 20 µL of 10 µM stock solution was added to
180 µL of the cell suspension to achieve final concentrations of 1 µM. Cell suspensions were
left for 30 min in the dark, after which the fluorescence was measured at an excitation of
520 nm and an emission rate of 600 nm, or at an excitation of 504 nm and an emission rate
of 550 nm for DHE or H2DCFDA, respectively, using a GloMax microplate reader (Promega,
Madison, WI, USA). The obtained results were normalized by the number of cells in cell
suspensions and were expressed as a percentage of the ROS level in control cells. Statistical
analysis was performed using the STATISTICA 14.0.0.15 software package (TIBCO Software
Inc., Palo Alto, CA, USA). The data were analyzed with a one-way analysis of variance
(ANOVA), followed by the Newman-Keuls post hoc test. Differences between means were
considered statistically significant at p ≤ 0.05.

2.6. Measurement of Enzyme Activities and Malondialdehyde (MDA) Content
2.6.1. Protein Extraction

The algal suspension was centrifuged at 2000× g at 20 ◦C for 3 min. After centrifuga-
tion, the pellet was washed three times with filtered seawater. After each washing, the cells
were centrifuged at 2000× g at 20 ◦C for 3 min. Algal pellets were homogenized three times
with the addition of glass beads (425–600 µm) using a Retsch mixer mill (MM200, Retsch,
Haan, Germany) at 30 Hz for 3 min at +4 ◦C, in 500 µL of 50 mM potassium phosphate
buffer (pH 7.0). The obtained homogenates were then centrifuged at 20,817× g at 4 ◦C for
15 min. Collected supernatants were centrifuged again at 20,817× g at 4 ◦C for 45 min and
then used for the enzymatic activity assays.

2.6.2. Enzymatic Activity Assays

Enzymatic assays were performed at room temperature (25 ◦C), and spectrophoto-
metric analyses were performed using a UV/visible spectrometer (ATI UNICAM UV4,
Cambridge, UK). Specific enzymatic activities were expressed as a percentage of the activity
of control samples.

Superoxide dismutase (SOD, E.C. 1.15.1.1) activity was determined as reported in
the methodology used by Beauchamp and Fridovich [41]. The reaction mixture consisted
of 13 mM methionine, 0.1 M ethylenediaminetetraacetic acid (EDTA), 75 µM nitroblue
tetrazolium (NBT), and 2 mM riboflavin, to which different volumes of protein extracts
in 50 mM phosphate buffer (pH 7.8) were added. The samples were then incubated for
8 min in a 15 W light box at room temperature, after which the amount of formazan that
was formed via NBT photo reduction was read at 560 nm. The amount of enzyme causing
a 50% inhibition of the reduction rate of NBT was defined as one unit of SOD activity.

Pyrogallol peroxidase (PPX, EC 1.11.1.7) activity was determined according to the proto-
col described by Nakano et al. [42]. Briefly, the oxidation of pyrogallol (ε = 2.6 mM−1 cm−1)
in the presence of PPX enzymes results in an increase in absorbance at 430 nm. The reaction
mixture was composed of 50 mM potassium phosphate buffer (pH 7.0), 20 mM pyrogallol,
and 5 mM H2O2, with the addition of protein extract to a final concentration of 2% (v/v).

Ascorbate peroxidase (APX, EC 1.11.1.11) activity was analyzed by measuring the
decrease in absorbance at a wavelength of 290 nm (ε = 2.8 mM−1 cm−1), as described by
Nakano et al. [42]. The reaction mixture was composed of 50 mM potassium phosphate
buffer (pH 7.0), 0.5 mM ascorbate, and 10 mM H2O2, with the addition of protein extract to
a final concentration of 18% (v/v).

Catalase (CAT) (EC 1.11.1.6) activity was examined by analyzing the decrease in
absorbance at 240 nm (ε = 36 mM−1 cm−1), as reported by Aebi et al. [43]. The reaction
mixture was composed of 50 mM potassium phosphate buffer (pH 7.0) and 20 mM H2O2,
with the addition of protein extract to a final concentration of 5% (v/v).
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Statistical analysis was performed using a one-way ANOVA, followed by the Newman-
Keuls post hoc test (p ≤ 0.05).

2.6.3. Malondialdehyde Content

Lipid peroxidation levels in algae were determined according to the modified method
of Heath and Packer [44], i.e., by measuring the malondialdehyde (MDA) content. One
hundred mL of cell suspensions were centrifuged at 2000× g at 20 ◦C for 3 min. After cen-
trifugation, the pellet was washed three times with filtered seawater and was subsequently
centrifuged again at 2000× g at 20 ◦C for 3 min. The cell pellet was homogenized 3 times,
with the addition of glass beads (425–600 µm), using a Retsch mixer mill (MM200, Retsch,
Haan, Germany) at 30 Hz for 3 min in 700 µL of 0.5% (w/v) 2-thiobarbituric acid prepared
in trichloroacetic acid, with a final concentration of 20% (w/v), and was finally incubated at
95 ◦C for 30 min. The samples were then cooled and centrifuged at 14,000× g at + 4 ◦C for
30 min, after which their absorbance was measured at 532 nm. Furthermore, in order to
make a correction for non-specific turbidities, the absorbance value measured at 600 nm
was subtracted from the measured value at 532 nm. To calculate the lipid peroxide content,
the obtained values were normalized to an equal number of cells among the samples; the
results were presented as a percentage of control cells. Statistical analysis was performed
using a one-way ANOVA, followed by a Newman-Keuls post hoc test (p ≤ 0.05).

2.7. Atomic Force Microscopy Working in Force Spectroscopy Mode

AFM measurements of the cell’s Young’s modulus were performed with a Nanowiz-
ard III AFM system (Bruker, Billerica, MA, USA). Force spectroscopy experiments were
performed with MLCT cantilevers (Bruker, Billerica, MA, USA; nominal spring constants
of 0.1 N m−1) using an applied force ranging from 1 to 3 nN, depending on the conditions.
Young’s moduli were acquired from 40 nm indentation curves using the Hertz model [45],
in which the force F, indentation (δ), and Young’s modulus (Ym) follow Equation (4):

F =
2×Ym× tanα
π× (1− υ2)× δ2 (4)

where α is the tip opening angle (17.5◦), and υ is the Poisson ratio (arbitrarily assumed to be
0.5). The spring constants of cantilevers were obtained using the thermal noise method [46]
before each experiment. In each condition, 400 force curves were recorded on 5 different
cells; thus, a total of approximately 2000 curves were acquired per condition. Statistical
comparisons of the results obtained in each case were performed using an unpaired t-test,
allowing us to compare the means of two independent groups (p < 0.001).

2.8. Sample Preparation for Force Spectroscopy Measurements

For nanoindentation measurements, cells from control culture or from cultures exposed
to nanoplastics were harvested by centrifugation (2000× g, 3 min), washed two times in
FSW, and immobilized either on polyethyleneimine (PEI)-coated glass slides for cells in
control conditions or on polydimethylsiloxane (PDMS) for cells exposed to nanoplastics.
To modify the glass slides with PEI, 1 mL of 0.2% PEI was incubated on a plasma-oxygen-
activated glass slide and allowed to stand overnight. The glass slide was then washed with
ultrapure water and dried under nitrogen before cell immobilization. For both PEI and
PDMS substrates, the cell suspensions (1 mL) were pipetted onto the surface and left to
adsorb for at least 30 min, before rinsing with FSW.

2.9. Atomic Force Microscopy Imaging

The AFM imaging of C. closterium cells and the released extracellular polymers (EPS)
was performed using a multimode scanning probe microscope with a NanoScope IIIa
controller (Bruker, Billerica, MA, USA), equipped with a vertical engagement (JV) 125 µm
scanner. During imaging, the linear scanning rate was adjusted to between 1.0 and 1.5 Hz
for the tapping mode, and between 1.5 and 2.0 Hz for the contact mode, with a scan resolu-
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tion of 512 samples per line. Imaging of the nanoparticle suspensions in UPW and FSW
was performed in tapping mode using silicon probes (TESP-V2, Bruker, nominal resonance
frequency, 320 kHz, nominal spring constant, 42 N m−1). The ratio of the set-point am-
plitude to the free amplitude (A/A0) was adjusted to 0.9 (light tapping) to minimize the
interaction forces between the tip and the surface during imaging. Topographic images of
the cell surface of C. closterium and the released EPS were acquired in contact mode, with
silicon-nitride probes (DNP-10, Bruker, nominal frequency 12–24 kHz, spring constant of
0.06 N m−1). The processing and analysis of images were achieved using NanoScopeTM

software (Bruker, NanoScope Analysis, version 2.0). All AFM images are presented as raw
data, except for the first-order two-dimensional flattening. Measurements were performed
in air at room temperature and in 30–40% relative humidity, leaving the samples with a
small hydration layer, which helps in preserving the original structures [47].

2.10. Sample Preparation for AFM Imaging

For the preparation of the AFM samples of PS-NH2 and PS-COOH NPs suspensions
in UPW, 5 µL of the prepared suspensions were deposited onto freshly cleaved mica
immediately after mixing. The samples were then placed in enclosed Petri dishes to dry
for 45 min. For the preparation of AFM samples of NPs suspensions in FSW, 5 µL of the
prepared suspensions were also deposited onto freshly cleaved mica after 30 min of mixing
and then incubated for 45 min. These samples were then rinsed three times with 50 µL
of ultrapure water to remove the excess salt crystals and were finally placed in enclosed
Petri dishes to dry. To test the temporal stability of the prepared suspensions in FSW, the
suspensions were incubated at 18 ◦C for 24 h and then briefly mixed using a magnetic
stirrer prior to AFM sample preparation, according to the protocol described above.

To prepare the samples of C. closterium for the AFM imaging of cells and released
extracellular polymers, the direct-drop deposition method was used [48]. The cells used for
AFM experiments were recovered during the exponential growth phase from the control
culture and from cultures with the highest tested concentrations of PS-NH2 (5 µg mL−1)
and PS-COOH (200 µg mL−1). Five µL of cell culture was deposited onto freshly cleaved
mica and placed in enclosed Petri dishes for 45 min, to allow the cells to settle and adhere
to the surface. The samples were rinsed three times in ultrapure water, then the samples
were again placed in Petri dishes to evaporate the excess water. Throughout the described
sample preparation procedure, the diatom cells remained firmly attached to the mica
surface, allowing stable conditions for AFM measurements.

3. Results
3.1. Characterization of Nanoplastics in Ultrapure Water and Natural Seawater

The physicochemical characterization of PS-NH2 and PS-COOH NPs that are sus-
pended in ultrapure water and natural seawater is given in Table S1 (Supplementary
Material). The size of the NPs suspended in ultrapure water was confirmed to be the
average size provided by the supplier, with an average hydrodynamic diameter (dh) of
48.5 ± 0.4 nm for PS-NH2 and 54.5 ± 1.1 nm for PS-COOH NPs, determined using DLS.
The presence of predominantly singly dispersed nanoparticles in both NPs suspensions in
UPW was further confirmed by AFM (Figure 1), which shows nanoparticles with a height
of 47.9 ± 6.2 nm and 51.8 ± 10.6 nm for PS-NH2 and PS-COOH NPs, respectively.

When suspended in filtered natural seawater, the dh of PS-NH2 NPs at time 0 re-
mained similar to that of UPW (55.4 ± 1.1 nm), indicating the high stability of these
particles. However, after 24 h, the dh of PS-NH2 NPs increased to 91.3 ± 5.1 nm (98%)
and 4892.2 ± 167.0 nm (2%) (Supplementary Material, Table S1). The AFM images of
PS-NH2 NPs in FSW revealed the presence of single nanoparticles; some of them were
surrounded by a layer of smooth material (layer height of ~30 nm) (Figure 2a,b). In con-
trast, the PS-COOH NPs in FSW presented a significant increase in dh, reaching values of
1282.0 ± 59.7 nm (83.6%) and 4967.5 ± 813.1 nm (15.8%), indicating microscale aggregate
formation (Supplementary Material Table S1). This increase in size is consistent with the
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observed microscale aggregates in the AFM images (Figure 2c,d). After 24 h, the DLS
showed a higher aggregation of PS-COOH NPs in FSW, with a higher percentage of larger
microaggregates (5102.6 ± 296.9 nm), in contrast to ultrapure water in which the dh value
remained the same (55.8 ± 1.2 nm).
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Figure 2. AFM characterization of PS-NH2 and PS-COOH nanoplastics in natural seawater. AFM
images of PS-NH2 (a,b) and PS-COOH nanoplastics (c,d) in filtered natural seawater (50 mg L−1),
with corresponding vertical profiles along the indicated lines in (b) and (d), respectively. Vertical
profiles of particles along indicated lines in (b,d) are shown next to the corresponding image (line
crossing particle in (b) and corresponding vertical profile is shown in the same color and indicated by
the same number in the corresponding vertical profile). Images are acquired using the tapping mode
in air and are presented as amplitude (a,c) and height data (b,d), with scan sizes of 5 µm × 5 µm (a,b);
2 µm × 2 µm (c,d) and vertical scales of 85 nm (b) and 170 nm (d).

Regarding particle charge, lower absolute zeta potential (ζ-potential) values were
determined for PS-NH2 and PS-COOH NPs in FSW, compared to UPW (Supplementary
Material, Table S1). PS-NH2 NPs presented positive ζ-potential in UPW and FSW at both
time points, with significantly lower values for particles suspended in FSW. On the other
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hand, the zeta potential of PS-COOH NPs had negative values in both UPW and FSW at
times 0 h and 24 h, with lower absolute values in FSW.

3.2. Effect of Nanoplastics on C. closterium Growth

The growth curves of C. closterium, exposed to charged polystyrene nanoplastics,
are presented in Figure 3. At all tested concentrations of PS-NH2 and PS-COOH NPs,
C. closterium cells were able to maintain positive growth. Growth curves show typical
exponential growth from day 1 to day 9, followed by entering the stationary phase from
day 9 to day 14, for the entire range of PS-NH2 and PS-COOH NPs concentrations tested.
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Figure 3. Growth dynamics of Cylindrotheca closterium when exposed to nanoplastics. Growth curves
of C. closterium exposed to PS-NH2 (0–5 µg mL−1) (a) and PS-COOH (0–200 µg mL−1) nanoplastics
(b), as measured by cell density over a 14-day period. Mean values of duplicate determinations with
standard deviations are shown.

Table 1 shows the specific growth rates (µ) and percentage of growth inhibition
(%I) of C. closterium when exposed to different concentrations of PS-NH2 and PS-COOH
NPs, as determined using Equations (1) and (2). In the cultures exposed to PS-NH2 NPs
during the first 3 days (72 h) of the exponential phase, an increase in the PS-NH2 NPs
concentration from 0 to 5 µg mL−1 resulted in a 4-fold decrease in the specific growth rate
from 0.40 d−1 (corresponding to a division rate of 0.58 div d−1) in the control culture to
0.09 d−1 (corresponding to a division rate of 0.13 div d−1) in the culture exposed to the
highest PS-NH2 NPs concentration (5 µg mL−1). Growth inhibition for the same period
increased from 12.5% for the culture exposed to the lowest PS-NH2 NPs concentration
(1.5 µg mL−1) to 77.5% for the culture exposed to the highest PS-NH2 NPs concentration
(5 µg mL−1). After 4 days (96 h), the specific growth rate and inhibition showed the same
trend as in the 3-day period, with an increase in inhibition from 8.3% for the culture exposed
to 1.5 µg mL−1 PS-NH2 NPs to an inhibition of 75.0% for the culture exposed to 5 µg mL−1

PS-NH2 NPs. In the cultures exposed to PS-COOH NPs during the first 3 days of the
exponential phase, increasing the PS-COOH NPs concentration from 0 to 200 µg mL−1

resulted in a 2-fold decrease in the specific growth rate, from 0.39 d−1 (corresponding to the
division rate of 0.56 div d−1) in the control culture to 0.19 d−1 (corresponding to a division
rate of 0.27 div d−1) in the culture exposed to the highest PS-COOH NPs concentration
(200 µg mL−1). After 4 days, the specific growth rate and inhibition showed the same trend
as in the 3-day period, with an increase in inhibition from 5.3% for the culture exposed to
10 µg mL−1 PS-COOH NPs to 34.2% for the culture exposed to 200 µg mL−1 PS-COOH
NPs. With prolonged exposure time (9 and 14 days), the effect of nanoplastics on the
specific growth rate was either much lower or no effect was observed. After 9 days, the
growth inhibition ranged from 3.7% for the culture exposed to the lowest PS-NH2 NPs
concentration (1.5 µg mL−1), to 14.8% for the culture exposed to the highest PS-NH2 NPs
concentration (5 µg mL−1), whereas, after 14 days, there was no inhibition for all but
the highest PS-NH2 NPs concentration (5.6% growth inhibition). A similar trend was
also observed for PS-COOH nanoplastics, with a 3.8 % inhibition for cultures exposed to
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a concentration of 200 µg mL−1, while no inhibition was observed after 14 days for all
PS-COOH NPs concentrations.

Table 1. Specific growth rates (µ) and growth inhibition (I) of Cylindrotheca closterium exposed to
different concentrations of PS-NH2 and PS-COOH NPs between day 3 (D3), day 4 (D4), day 9 (D9),
day 14 (D14), and day 0.

Nanoplastics γ(NP)/µg mL−1 Specific Growth Rates µ/d−1 Growth Inhibitions I/%

D3 D4 D9 D14 D3 D4 D9 D14

PS-NH2

0 0.40 0.36 0.27 0.18 - - - -

1.5 0.35 0.33 0.26 0.18 12.5 8.3 3.7 0

2.5 0.34 0.34 0.26 0.18 15.0 5.5 3.7 0

3.5 0.26 0.25 0.25 0.18 35.0 30.5 7.4 0

5.0 0.09 0.09 0.23 0.17 77.5 75.0 14.8 5.6

PS-COOH

0 0.39 0.38 0.26 0.18 - - - -

10 0.33 0.37 0.26 0.18 15.4 5.3 0 0

50 0.26 0.28 0.25 0.18 33.3 26.3 3.8 0

100 0.24 0.26 0.25 0.18 38.5 31.6 3.8 0

200 0.19 0.25 0.25 0.18 51.3 34.2 3.8 0

Regardless of NPs modification, the specific growth rate values during short-term
exposure (3 and 4 days) decreased with increasing NPs concentration for both PS-NH2 and
PS-COOH nanoplastics. The effective concentrations of nanoplastics that resulted in a 50%
reduction in growth over a 3-day period (72 h EC50) were 3.88 µg mL−1 for PS-NH2 and
185 µg mL−1 for PS-COOH NPs.

The difference in specific growth rates was tested by fitting the cell density data values
to Equation (3) as a function of time in the exponential growth phase (3, 4, and 9 days) for all
tested concentrations of PS-NH2 and PS-COOH NPs and the control (Supplementary Mate-
rial, Figures S1 and S2). Cultures exposed to all tested PS-NH2 concentrations showed a sig-
nificant decrease in growth rate over a 3-day period (Supplementary Material, Figure S1a).
For the 4-day period, only the cultures exposed to 3.5 µg mL−1 and 5 µg mL−1 PS-NH2
NPs showed a significant decrease in specific growth rate, compared to the control culture
(Supplementary Material, Figure S1b). The specific growth rates of the cultures exposed to
all tested PS-COOH NPs concentrations (10–200 µg mL−1) during short-term exposure (3
and 4 days) were significantly different from those of the control culture (Supplementary
Material, Figure S2a,b). The inhibitory effect of PS-NH2 and PS-COOH on diatom growth
during the exponential phase was strongest for cultures exposed to 5 µg mL−1 PS-NH2
and 200 µg mL−1 PS-COOH NPs during the 3-day period, resulting in a 77.5% and 51.3%
growth inhibition, respectively. However, at longer exposure times (9 and 14 days), the
cultures exposed to the whole range of concentrations of PS-NH2 and PS-COOH NPs
showed no significant decrease in specific growth rate compared to the control culture
(Table 1 and Supplementary Material, Figures S1c and S2c).

3.3. In Situ ROS Formation

The reaction of ROS with DHE and H2DCFDA allowed us to determine the level of
oxidative stress in C. closterium cultures that are exposed to nanoplastics. DHE enters the
cell, where it is oxidized into fluorescent ethidium by ROS. DHE has been shown to bind
primarily to the superoxide radical (O2

−). H2DCFDA enters the cell, where it is converted
to the highly fluorescent 2′,7′-dichlorofluorescein (DCF) after the cleavage of acetate groups
by cell esterases and oxidation. H2DCFDA was shown to bind primarily to hydrogen
peroxide (H2O2). The obtained results showed a statistically significant increase in the
formation of ROS molecules (both O2

− and H2O2) in algal cells exposed to the highest
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nanoplastic concentration (5 µg mL−1 for PS-NH2 and 200 µg mL−1 for PS-COOH) for
seven days, compared to the control (Figure 4).
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3.4. Effect on Antioxidant Enzyme Activity 
In the algal cells, exposure to both NPs types significantly reduced the changes in 
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Figure 4. ROS level in Cylindrotheca closterium exposed to PS-NH2 and PS-COOH nanoplastics.
Boxplots showing ROS molecule content, quantified through fluorescence intensity quantification
for dihydroethidium (DHE) (a) and 2′,7′-dichlorodihydrofluorescein diacetate (H2DCFDA) (b) in
C. closterium cultures in the exponential growth phase (day 7), when exposed to PS-NH2 NPs (5 µg
mL−1) and PS-COOH NPs (200 µg mL−1). Values are expressed as a percentage (%) of control; a box
with whiskers represents a median ± interquartile range (Q3–Q1). If boxes are marked with different
letters, the treatments are significantly different at p ≤ 0.05 (a general linear model, followed by the
Newman–Keuls post hoc test).

3.4. Effect on Antioxidant Enzyme Activity

In the algal cells, exposure to both NPs types significantly reduced the changes in SOD
activity, compared with the control (Figure 5a). Conversely, PPX activity was significantly
reduced after PS-COOH treatment, while PS-NH2 significantly increased PPX activity
compared to control (Figure 5b). The APX activity was significantly increased only after
PS-NH2 NPs exposure compared to the control, as well as to PS-COOH NPs exposure
(Figure 5c). The CAT activity showed a similar pattern as the APX activity (Figure 5c,d).
Namely, the activity of CAT was increased only after PS-NH2 NPs exposure, although the
increase was not significant.
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Figure 5. Antioxidant enzyme activities of Cylindrotheca closterium exposed to PS-NH2 and PS-
COOH nanoplastics. Boxplots showing the differences in specific activity of superoxide dismutase
(SOD) (a), pyrogallol peroxidase (PPX) (b), ascorbate peroxidase (APX) (c), and catalase (CAT) (d) in
C. closterium cultures in the exponential growth phase (day 7), when exposed to PS-NH2 NPs
(5 µg mL−1) and PS-COOH NPs (200 µg mL−1). Values are expressed as a percentage of control; a
box with whiskers represents a median ± interquartile range (Q3–Q1). If boxes are marked with
different letters, the treatments are significantly different at p ≤ 0.05 (general linear model, followed
by the Newman-Keuls post hoc test).

3.5. Effect on Lipid Perodixation

In algal cell cultures, the exposure to both NPs types (5 µg mL−1 for PS-NH2 and
200 µg mL−1 for PS-COOH) for seven days resulted in a significant increase in lipid
peroxidation level, compared to the control (Figure 6).
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Figure 6. Lipid peroxidation levels in Cylindrotheca closterium when exposed to PS-NH2 and PS-
COOH nanoplastics. Boxplots showing the content of malondialdehyde (MDA) in C. closterium
cultures in the exponential growth phase (day 7) exposed to PS-NH2 NPs (5 µg mL−1) and PS-COOH
NPs (200 µg mL−1). Values are expressed as a percentage of control; a box with whiskers represents a
median ± interquartile range (Q3–Q1). If the boxes are marked with different letters, the treatments
are significantly different at p ≤ 0.05 (a general linear model, followed by a Newman-Keuls post
hoc test).

3.6. Effect of Nanoplastics on the Nanomechanical Properties of C. closterium

To obtain quantitative information on the nanomechanical properties of cells when
exposed to nanoplastics, the Young modulus (Ym) of the C. closterium cell wall using AFM
nanoindentation experiments was determined. Cells from the control culture and cultures
exposed to PS-NH2 (5 µg mL−1) and PS-COOH NPs (200 µg mL−1) were harvested from
exponentially growing cultures (day 3). In these experiments, a cantilever with known
mechanical properties is pushed against the cell wall at a given force. The resistance of the
cell wall to this compression is reflected by the Ym value: the higher it is, the stiffer the cell
wall is. The results of these experiments are presented in Figure 7a–c. Cells in the control
culture had an average Ym value of 979.2 ± 423.1 kPa (results obtained from 1989 force
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curves, recorded on 5 different cells), which decreased to 926.8 ± 441.7 kPa when the cells
were exposed to PS-NH2 NPs (5 µg mL−1) (results obtained from 1367 curves, recorded on
5 different cells) and to 708.4 ± 387.3 kPa when the cells were exposed to PS-COOH NPs
(200 µg mL−1) (results obtained from 1637 curves, recorded on 5 different cells). All data
obtained for individual cells are presented in Table S2 (Supplementary Material). To see if
these differences were significantly different, we plotted the data in a boxplot (Figure 7d)
showing the differences in the distributions of the values obtained under each condition.
Statistical analysis (an unpaired t-test) was performed using all values and showed that the
decrease in Ym values for cells exposed to both types of nanoplastics was significant at a
p-value < 0.001. Thus, the exposure of cells to PS-NH2 and PS-COOH NPs at concentrations
slightly higher than the corresponding EC50 values had a significant effect on cell wall
rigidity, which decreased significantly compared to cells grown without nanoplastics.

Figure 7. Nanomechanical characterization of Cylindrotheca closterium exposed to PS-NH2 and PS-
COOH nanoplastics. Histograms showing the distribution of Ym values of C. closterium cells in
the exponential growth phase (day 7) in control culture (a), in the culture exposed to PS-NH2 NPs
(5.0 µg mL−1) (b), and in the culture exposed to PS-COOH NPs (200 µg mL−1) (c), on 5 cells for each
culture (all values are presented in the Supplementary Material, Table S2). Boxplots show the distribu-
tion of Ym values recorded in each case (d). A box with whiskers represents a median ± interquartile
range (Q3–Q1). Statistical significance was obtained from an unpaired t-test at the level of
0.001 (*** p < 0.001).

3.7. Interaction of Nanoplastics with C. closterium Cells and Released Extracellular Polymers

The cells of C. closterium exposed to the highest NPs concentration of PS-NH2 NPs
(5 µg mL−1) and PS-COOH NPs (200 µg mL−1), as well as the cells from the control culture,
were characterized at the single-cell level using AFM imaging. Cells were taken from
the cultures at the exponential growth phase (day 3). Representative AFM images of
C. closterium cells from the control culture are shown in Figure 8. The C. closterium cell
has an elongated shape consisting of a central part and flexible rostrae, as previously
reported [49]. The length of C. closterium cells ranged from 39.5 µm to 42.5 µm, the width of
the cell at the central part varied from 3.1 µm to 4.8 µm, the height at the central part was
in the range of 620–960 nm, while the height of the rostra was in the range of 180–300 nm.
The central part has several structurally distinct regions: the girdle band, which consists of
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a set of bands, the valve, and the longitudinal slit raphe, which extends along the valve
region and is bridged by the fibulae (Figure 8c).
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Representative AFM images of the C. closterium cells exposed to PS-NH2 NPs
(5 µg mL−1) and PS-COOH NPs (200 µg mL−1) are shown in Figure 9. C. closterium
cells grown in a medium containing PS-NH2 or PS-COOH NPs did not show any mor-
phological changes in terms of the surface nanostructure or cell size, compared to control.
However, PS-NH2 nanoparticles were adsorbed onto the C. closterium cell, either as single
particles or as aggregates (Figure 9a,b). When C. closterium cells were incubated with
PS-COOH NPs, AFM images did not show the adsorption of PS-COOH nanoparticles or
NPs aggregates on the cell (Figure 9c,d). Instead, PS-COOH NPs aggregates of various
sizes were frequently found attached at the cell edge, which is probably as a result of the
interaction of nanoplastic aggregates with excreted extracellular polymers surrounding
the cell.

Figure 10 shows high-resolution AFM images of the extracellular polymeric material
around the cells. Released EPS, in the form of a fibrillar network around the rostra part
of C. closterium cells from the control culture, is shown in Figure 10a,b. Released EPS near
the cell was very dense and changed from a network to fibrils when at a greater distance
from the cell. The fibrils that form the network ranged from 0.6 to 4 nm. The EPS around
C. closterium cells exposed to PS-NH2 NPs (Figure 10c,d) showed that nanoplastic particles
were attached to the fibrils of the EPS network, either as single particles or as nanoscale
aggregates (several hundred nm wide). Around the cells exposed to PS-COOH NPs, larger
microscale nanoplastic aggregates were observed (around 10 µm wide and several hundred
nm high), which were also attached to the EPS network (Figure 10e,f).
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Figure 9. AFM images of a Cylindrotheca closterium cell exposed to PS-NH2 and PS-COOH nanoplas-
tics. An AFM deflection image (a) and 3D height image of the boxed area (b) of C. closterium exposed
to PS-NH2 (5 µg mL−1), with a vertical profile along the indicated line. Vertical profiles of nanoplastic
particles along indicated lines in (b,d) are shown next to the corresponding image (line crossing
particle in (b) and corresponding vertical profile is shown in the same color and indicated by the same
number). The AFM deflection image (c) and 3D-height image of the boxed area (d) of C. closterium
exposed to PS-COOH (200 µg mL−1), with a vertical profile along the indicated line. The images
were acquired using the contact mode in air, with scan sizes of 5 µm × 5 µm (a), 3.5 µm × 3.5 µm,
vertical scale 700 nm (b), 40 µm × 40 µm (c), and 8 µm × 8 µm, vertical scale 1.4 µm (d).

Water 2022, 14, x FOR PEER REVIEW 15 of 23 
 

 

closterium exposed to PS-NH2 (5 µg mL−1), with a vertical profile along the indicated line. Vertical 
profiles of nanoplastic particles along indicated lines in (b,d) are shown next to the corresponding 
image (line crossing particle in (b) and corresponding vertical profile is shown in the same color 
and indicated by the same number). The AFM deflection image (c) and 3D-height image of the boxed 
area (d) of C. closterium exposed to PS-COOH (200 µg mL−1), with a vertical profile along the 
indicated line. The images were acquired using the contact mode in air, with scan sizes of 5 µm × 5 
µm (a), 3.5 µm × 3.5 µm, vertical scale 700 nm (b), 40 µm × 40 µm (c), and 8 µm × 8 µm, vertical scale 
1.4 µm (d). 

Figure 10 shows high-resolution AFM images of the extracellular polymeric material 
around the cells. Released EPS, in the form of a fibrillar network around the rostra part of 
C. closterium cells from the control culture, is shown in Figure 10a,b. Released EPS near 
the cell was very dense and changed from a network to fibrils when at a greater distance 
from the cell. The fibrils that form the network ranged from 0.6 to 4 nm. The EPS around 
C. closterium cells exposed to PS-NH2 NPs (Figure 10c,d) showed that nanoplastic particles 
were attached to the fibrils of the EPS network, either as single particles or as nanoscale 
aggregates (several hundred nm wide). Around the cells exposed to PS-COOH NPs, larger 
microscale nanoplastic aggregates were observed (around 10 µm wide and several 
hundred nm high), which were also attached to the EPS network (Figure 10e,f). 

 
Figure 10. Interaction of the extracellular polymers of Cylindrotheca closterium with PS-NH2 and PS-
COOH nanoplastics. AFM images of the rostra part of Cylindrotheca closterium cells with excreted 
EPS, in control culture (a,b), in a culture exposed to PS-NH2 NPs (5 µg mL−1) (c,d), and in a culture 
exposed to PS-COOH NPs (200 µg mL−1) (e,f). Images are acquired using the contact mode in air 
and are presented as the deflection data (a,c,e) and height data (b,d,f) of areas indicated with a box 
in the corresponding deflection images (a,c,e), with belonging vertical profiles along the indicated 
lines in (b,d,f). Scan sizes: 10 µm × 10 µm (a), 2 µm × 2 µm, vertical scale 6 nm (b), 10 µm × 10 µm 
(c), 2 µm × 2 µm, vertical scale 65 nm (d), 15 µm × 15 µm (e), and 10 µm × 10 µm, vertical scale 1 µm 
(f). 

4. Discussion 
In this work, the exposure of the diatom Cylindrotheca closterium to two oppositely 

charged polystyrene nanoplastics was investigated. Positively and negatively charged PS 
behaved differently in filtered seawater, which was used for the preparation of the f/2 

Figure 10. Interaction of the extracellular polymers of Cylindrotheca closterium with PS-NH2 and
PS-COOH nanoplastics. AFM images of the rostra part of Cylindrotheca closterium cells with excreted
EPS, in control culture (a,b), in a culture exposed to PS-NH2 NPs (5 µg mL−1) (c,d), and in a culture
exposed to PS-COOH NPs (200 µg mL−1) (e,f). Images are acquired using the contact mode in air
and are presented as the deflection data (a,c,e) and height data (b,d,f) of areas indicated with a box in
the corresponding deflection images (a,c,e), with belonging vertical profiles along the indicated lines
in (b,d,f). Scan sizes: 10 µm × 10 µm (a), 2 µm × 2 µm, vertical scale 6 nm (b), 10 µm × 10 µm (c),
2 µm × 2 µm, vertical scale 65 nm (d), 15 µm × 15 µm (e), and 10 µm × 10 µm, vertical scale 1 µm (f).
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4. Discussion

In this work, the exposure of the diatom Cylindrotheca closterium to two oppositely
charged polystyrene nanoplastics was investigated. Positively and negatively charged
PS behaved differently in filtered seawater, which was used for the preparation of the
f/2 growth medium. Thus, C. closterium in the growth medium was exposed to single
particles and nanoscale aggregates of positively charged PS-NH2 NPs (<100 nm) and
microaggregates (>1000 nm) of the negatively charged PS-COOH NPs (Figures 1 and 2,
Supplementary Material, Table S1). The formation of microscale aggregates of PS-COOH
NPs in FSW is consistent with previously reported findings [24,50], probably resulting from
the interaction between the negative surface charge of NPs and divalent cations naturally
present in seawater (such as Ca2+ and Mg2+) [50–52] that resulted in lowering the zeta
potential and charge-screening, leading to nanoplastic aggregation. The lower tendency
for aggregation of PS-NH2 NPs was the result of the lower charge screening effect of the
monovalent anions present in seawater, which kept these nanoparticles positively charged
and, therefore, the repulsive forces between PS-NH2 particles were more pronounced [50].
The observed smooth layer around some PS-NH2 particles in seawater (singly dispersed
or as aggregates) probably corresponds to a coating of organic matter (eco-corona) that
was present in FSW [53,54]. Namely, since the major acidic functional groups in natural
organic matter (NOM), carboxyl, and phenolic groups deprotonate at a pH > 3, NOM
is negatively charged in natural waters [55] and is, therefore, expected to have a higher
affinity for positively charged NPs.

Although both types of nanoplastics inhibited the growth of the diatom C. closterium
in the exponential phase during short-term exposure (3 and 4 days), growth was inhibited
at a much lower concentration of positively charged PS-NH2 NPs, compared to negatively
charged PS-COOH NPs (Figure 3 and Table 1). As a result, the 72 h EC50 value for PS-NH2
NPs was ~50 times lower (3.88 µg mL−1) compared with the 72 h EC50 value for PS-COOH
NPs (185 µg mL−1). These results show that positively charged PS-NH2 nanoplastics have
higher toxicity to C. closterium than negatively charged PS-COOH nanoplastics. The lower
toxicity of negatively charged PS NPs to microalgae was previously reported in the litera-
ture [23,24,35,56]. Bergami et al. [24] showed that PS-COOH NPs (40 nm) at concentrations
of up to 50 µg mL−1 (their highest concentration) did not affect the growth of the microalgae
D. tertiolecta, while PS-NH2 NPs (50 nm) inhibited algal growth (EC50 = 12.97 µg mL−1).
Sjollema et al. [23] also found a reduced cell density of microalgae at a higher concentration
of PS-COOH NPs (50 nm) (200 µg mL−1). The difference in toxicity of positive PS-NH2 and
negative PS-COOH NPs probably results from the negative charge of the cell surface, due
to anionic groups on the cell surface (carboxyl, sulfate groups, etc.) repelling negatively
charged PS-COOH nanoplastics and adsorbing positively charged PS-NH2 nanoplastics
through electrostatic interactions [33]. The higher affinity of PS-NH2 nanoplastics to the
cell surface was also confirmed by our AFM imaging results, showing that PS-NH2 were
adsorbed on the cell surface while PS-COOH NPs aggregates were attached to EPS near
the cell edges (Figure 9). However, the effects on growth dynamics appear to be temporary
for both the nanoplastic types tested, with an initial period of vulnerability at short-term
exposure, followed by a recovery of growth after longer exposure. The latter could be
related to the higher cell abundance per nanoplastic concentration, and could also be the
result of the interaction of nanoplastics with the released microalgal EPS, which could
scavenge nanoplastic particles, making them unavailable to newly divided algae.

Considering the results obtained from the growth inhibition test, further analysis,
including oxidative stress response, cell elasticity measurement, and the nanoscale imaging
of cells and released extracellular polymers were performed on microalgae at an exponential
growth phase exposed to a concentration of NPs slightly above their corresponding EC50
values, 5 µg mL−1 and 200 µg mL−1, for PS-NH2 and PS-COOH NPs, respectively.

The exposure of C. closterium to nanoplastics triggered the production of ROS (Figure 4).
In plant cells, ROS molecules can be formed as the by-products of metabolic functions seen
primarily in peroxisomes, chloroplasts, and mitochondria during electron transport, as well
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as in small amounts in the endoplasmic reticulum. In this work, polystyrene nanoparticles
were shown to induce increased ROS molecule synthesis in C. closterium cells, consistent
with the results reported by Nugnes et al. [57], wherein polystyrene microparticles caused
increased ROS molecule synthesis in C. dubia after only 24 h. ROS molecules can interact in
cells, not only with biologically important molecules, such as proteins and DNA but also
with lipids, leading to their peroxidation and, in cases of severe oxidative stress, leading to
cell death [30,58]. We have shown that exposure to both types of polystyrene nanoparticles
leads to lipid peroxidation (Figure 6), probably through the increased synthesis of ROS
molecules, which consequently interact with lipid molecules, as is consistent with the
results reported by Hazeem et al. [27]. For the cell to maintain redox balance, it uses non-
enzymatic and enzymatic antioxidant mechanisms. CAT, PPX, and APX are antioxidant
enzymes involved in the neutralization of hydrogen peroxide. Analysis of ROS molecules
showed a greater increase in hydrogen peroxide synthesis after exposure to PS-NH2 NPs,
compared with PS-COOH NPs exposure. At the same time, we showed that PS-NH2
treatment led to increased activity of the previously mentioned enzymes (Figure 5), which
can be explained as an attempt by the algae to balance the redox state in the cell, i.e., to
eliminate ROS molecules. Exposure to PS-COOH NPs led to an increase in hydrogen
peroxide synthesis but did not induce a higher level of CAT, PPX, or APX enzyme activity
(Figure 5). Similarly, both NPs induced the increased synthesis of superoxide radical, but
increased activity of the enzyme SOD was not observed after either exposure (Figure 5).
These results can be explained by the possibly increased activity of other complementary
antioxidant enzymes that play a similar role, or the excessive synthesis of superoxide
radicals and other ROS molecules in a relatively long treatment, resulting in decreased
antioxidant capacity [29,59].

Another important property of the cell surface that may change, depending on growth
conditions, is the rigidity of the cell wall. Indeed, several studies have shown that a specific
stress or a change in environmental conditions (such as a change in pH, temperature,
or salinity) can have an important effect on the composition or remodeling of the cell
wall, thereby changing its nanomechanical properties [60–66]. Our nanoindentation mea-
surements, performed on C. closterium cells exposed to nanoplastics, showed a significant
decrease in cell wall rigidity compared to cells grown without nanoplastics (Figure 7). While
to the best of our knowledge, only one study has investigated the effects of nanoplastics on
microalgae using AFM [35], this is the first time that their effects on the cell nanomechanical
properties have been probed using atomic force microscopy. For this reason, it is not possi-
ble to compare our data with other studies performed on microalgae. However, it is known
that external stress factors can have an effect on microalgal cell wall rigidity. For example,
Yap et al. [67] showed that changes in the nutrient composition of the culture medium can
change the rigidity of cells with microalgal cells in N-deprived conditions, these having
a 30% lower Young modulus than cells grown under normal conditions. A change in the
Young modulus of cells was also observed when the pH of the culture medium changed,
and it increased significantly at a higher pH [61]. In addition, previous studies by our
group [64,65,68] have shown that the exposure of cells to temperature stress, salinity stress,
and cadmium causes changes in cell rigidity, as a consequence of a molecular modification
to the cell barrier. It is therefore not surprising that exposure to nanoplastics also alters the
nanomechanical properties of cells. One possible explanation for this, at least in the case
of PS-NH2 NPs, is that nanoplastics are able to adsorb onto the surface of cells, inducing
changes in cell rigidity. While positively charged PS-NH2 nanoplastics were absorbed well
at the surface of cells, negatively charged PS-COOH nanoparticles resulted in poor cell cov-
erage, as confirmed by our AFM imaging results (Figure 9). Similar results were obtained
in the study by Nolte et al. [35] where the authors used AFM to image Pseudokirchneriella
subcapitata cells after exposure to positively and negatively charged nanoplastics, as is the
case in this study. Therefore, the decrease in the Ym observed in this study, upon PS-COOH
NPs exposure, probably cannot be explained by the direct adsorption of nanoplastics at the
cell surface. However, for PS-COOH nanoplastics that have been shown to be toxic to cells
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and that inhibit growth, a change in nanomechanical properties may be one of the effects
of this toxicity on cells caused by changes in cell physiology, including lipid damage due to
oxidative stress.

Diatoms are known to excrete large amounts of EPS, both as a response to envi-
ronmental conditions and as a function of their motility system [69,70]. The production
of extracellular polymers by marine diatoms is an important pathway, by which photo-
synthetically produced organic carbon enters the trophic web; thus, the interaction of
nanoplastics with EPS is of great importance. The interaction of nanoplastics with the cell
and with released microalgal EPS surrounding the cell was revealed by high-resolution
AFM imaging. The similar fibrillar network structure of the EPS of C. closterium was re-
ported previously [71]. Our results showed that both types of nanoplastics interact with
EPS. PS-NH2 nanoparticles were incorporated into the EPS network, attached to the fibrils
of the network either as single nanoparticles or as nanoscale aggregates, whereas PS-COOH
NPs aggregates were attached to the EPS network as microscale aggregates (Figure 10).
It has been reported that EPS is mainly composed of polysaccharides, proteins, nucleic
acids, and lipids, and is acidic and negatively charged due to the anionic components of the
polysaccharide chains, such as the acetyl groups, uronic acids, and sulfates [72,73]. There-
fore, the interaction of EPS with positively charged PS-NH2 NPs is probably dominated by
electrostatic interaction, while in the case of negatively charged PS-COOH, the interaction is
probably due to hydrophobic interaction [28]. The observed scavenging of nanoparticles by
EPS can have a protective role by preventing the direct contact of nanoplastics with the cell.
The incorporation of silver nanoparticles into the EPS of C. closterium has been previously
reported in the literature [74], where it was also shown that EPS production increased
as a feedback response to Ag NP exposure. A recent study by our team also showed
that exposure to cadmium induced an increase in EPS production by C. closterium [49].
Although the EPS surrounding the cell could have an important protective function against
toxic substances, including nanoplastics, by scavenging nanoplastic particles, conversely,
the extracellular polymers of microalgae are an important food source for phytoplankton
grazers and higher trophic levels; therefore, the incorporation of nanoparticles into EPS
may have a significant impact on the entire marine food chain.

5. Conclusions

The presence of nanoplastics in the marine environment raises concerns about their
impact on marine biota, including microalgae, as one of the most important primary
producers in marine ecosystems and the base of the marine food chain. The exposure of
Cylindrotheca closterium to both types of PS NPs (PS-COOH and PS-NH2 NPs) resulted not
only in growth inhibition but also showed phytotoxic effects due to the excessive production
of ROS, leading to increased oxidative damage to lipids and changes in antioxidant enzyme
activities. Atomic force microscopy in force microscopy mode was used for the first time
to characterize the effects of nanoplastics on the rigidity of the microalgal cell wall and
showed a decrease in cell rigidity, due to the exposure of cells to nanoplastics. In addition,
the AFM imaging of cells and their EPS at the single-cell level revealed the adsorption of
PS-NH2 nanoplastics on the cell surface and the incorporation of both NPs types into the
EPS network. The results of this study indicate that both types of nanoplastics, either via
interactions with microalgal cell walls or with microalgal EPS, may pose a major threat to
marine microalgae and higher trophic levels and, thus, to the health and stability of the
marine ecosystem. Although the obtained results directly apply to C. closterium, they also
provide the basis for further investigation of the effects of different nanoplastics on the
nanostructural, nanomechanical, and antioxidant responses of other microalgal species at
population and single-cell levels.
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Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/w14142163/s1, Figure S1: Results of fitting to the exponential
function (Equation (3)) of growth curves of Cylindrotheca closterium exposed to different PS-NH2
nanoparticle concentrations in the different parts of exponential growth phase, marked by grey
rectangles (a) first 3 days (D3) (b) first 4 days (D4) and (c) first 9 days (D9); Figure S2. Results of fitting
to the exponential function (Equation (3)) of the growth curves of Cylindrotheca closterium exposed
to different PS-COOH nanoparticle concentrations in the different parts of the exponential growth
phase, marked by red rectangles (rectangles (a) first 3 days (D3) (b) first 4 days (D4) and (c) first
9 days (D9); Table S1. Physicochemical characterization of PS-NH2 and PS-COOH nanoplastics
(50 µg mL−1) in ultrapure water (UPW) and filtered natural seawater (FSW) by dynamic (DLS) and
electrophoretic light scattering (ELS) and atomic force microscopy (AFM); Table S2. Average Young
modulus values, obtained for Cylindrotheca closterium (5 cells) in the three different conditions tested
in this study (control condition, exposure to 5 µg mL−1 PS-NH2, and to 200 µg mL−1 PS-COOH).
Results are given in kPa.
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AFM Atomic force microscopy
APX Ascorbate peroxidase
CAT Catalase
DLS Dynamic light scattering
DOC Dissolved organic carbon
dh Hydrodynamic diameter
DHE Dihydroethidium
EDTA Ethylenediaminetetraacetic acid
ELS Electrophoretic light scattering
EC50 Effective concentration of substance resulting in a 50% reduction in growth
EPS Extracellular polymers
FSW Filtered seawater
H2DCFDA 2′,7′-dichlorofluorescein diacetate
I Inhibition
MDA Malondialdehyde
NBT Nitroblue tetrazolium
NPs Nanoplastics
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PDMS Polydimethylsiloxane
PEI Polyethylenimine
PMMA Poly(methyl methacrylate)
PPX Pyrogallol peroxidase
PS Polystyrene
PS NPs Polystyrene nanoplastics
PS-COOH Carboxyl-modified polystyrene
PS-NH2 Amine-modified polystyrene
ROS Reactive oxygen species
SDS Sodium dodecyl sulfate
SOD Superoxide dismutase
UPW Ultrapure water
Ym Young modulus
γ Mass concentration
ζ-potential Zeta potential
µ Specific growth rate
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